Abstract This review provides an outline for fluorescent labeling of proteins. Fluorescent assays are very diverse providing the most sensitive and robust methods for observing biological processes. Here, different types of labels and methods of attachment are discussed in combination with their fluorescent properties. The advantages and disadvantages of these different methods are highlighted, allowing the careful selection for different applications, ranging from ensemble spectroscopy assays through to single-molecule measurements.
Introduction
Fluorescence-based assays are crucial experimental tools which allow the detailed dissection of molecular mechanisms. The assays can be performed in real-time, in solution, with high-time resolution and sensitivity down to single molecules. This has allowed the measurement of protein interactions, enzymatic activity, conformation changes, localization of proteins, and the ability to see individual proteins moving in real time [2, 8, 20, 42, 51, 59] .
Proteins have intrinsic fluorescence due to residues such as tryptophan. However, extrinsic labels provide far greater advantages for observing biological processes. These include more flexibility in choosing the location of the label and enhanced fluorescence properties suitable for a greater number of techniques.
A fluorophore reports upon the protein it is attached to and its environment. In the simplest case, this allows proteins to be visualized or counted through photobleaching.
More advanced assays can measure protein-protein interactions or conformation changes, by measuring intensity changes and fluorescence/Förster resonance energy transfer (FRET) . With all of these approaches, ensemble bulk or single-molecule measurements are possible. Bulk measurements offer the greater flexibility with the least requirements in terms of fluorescence properties. Single-molecule measurements provide a greater sensitivity because the ensemble averaging can mask rare, or short-lived, states [31] .
Before selecting a label, it is important to define the type of experiment to be performed: Single molecule or ensemble spectroscopic measurements? Monitoring the protein of interest or use a fluorescent biosensor? Measure a conformation change, a FRET signal or visualize a protein? Each category has specific requirements for the label (Table 1) . However, there are some general features. Ideally, a fluorescent label should be small, bright, and stable, without any perturbation to the biological system. Furthermore, the label should be specific without the tendency to oligomerize and with the possibility to label multiple proteins at the same time. Unfortunately, matching all of these criteria is not always possible and compromises have to be made. There are no perfect labels and new methods are constantly in development.
Today, a range of approaches are available for labeling proteins, genetically encoded tags, small organic fluorophores, and large, bright quantum dots (Qdots). There is also a variety of attachments to proteins with varying degrees of specificity. In this review, different labeling approaches will be discussed ( Fig. 1 ), so that a majority of the ideal criteria can be met and the best method for the required application can be chosen.
Flurophore properties
In order to be able to select the most suitable label for a particular application, it is important to be able to compare the fluorescent candidates. Several fluorophore properties are highlighted below and to understand their effect, it is Peptide tag SNAP-Tag important to consider the excitation and emission cycle of a fluorophore ( Fig. 2) [34, 54] . In brief, when a fluorophore absorbs a photon, it is excited to high-energy singlet states (S 1 and/or S 2 ). The fluorophore can only emit light as fluorescence from the lowest energy level of S 1 . Therefore, the molecule must relax to reach the lowest level of S 1 . This process is termed internal conversion, a nonradiative loss of energy. The molecule can also cross from the singlet state to the triplet state (T 1 ) through intersystem crossing. Relaxation from T 1 back to the ground state occurs through nonfluorescent processes or phosphorescence. These states and processes are important parameters associated with the fluorescent properties discussed below.
Fluorophore brightness A fluorophore's brightness is defined by two parameters, its extinction coefficient and quantum yield. To compare the brightness of different fluorophores, the relative brightness of fluorophore is taken by multiplying the extinction coefficient with the quantum yield [64] . Comparing eGFP with Cy3B, the relative brightness is 33,000 and 91,000, respectively, clearly showing that Cy3B is threefold brighter.
The extinction coefficient is a measure of the ease in which a fluorophore absorbs light to enter the excited state. Therefore, a high extinction coefficient will lead to a greater amount of light being absorbed. Once a photon has been absorbed, the probability of a photon being emitted through fluorescence is related to the quantum yield. This is a ratio of the number of photons emitted compared to the number absorbed. More precisely, it is derived from a ratio of the rate of fluorescence, over all rates of deactivation that include nonradiative decay and intersystem crossing to the triplet state (Fig. 2) [34, 54] . A molecule with a low rate of deactivation compared to fluorescence will have a high quantum yield. Therefore, a molecule with a high quantum yield and extinction coefficient is the brightest.
The quantum yield and extinction coefficient are frequently affected by the environmental factors such as pH, solvents, and viscosity. Furthermore, they are also affected by structural features of the fluorophore whereby rigid, planar molecules have a higher fluorescence [54] . Using Cy3 as an example, the elongated structure of the two aromatic groups, linked via a polymethylene chain, switches between cis/trans isomers. This isomerization results in a high degree of nonradiative decay which reduces the quantum yield. The isomerization is removed in a similar fluorophore Cy3B, resulting in a brighter molecule. Likewise, when the rotational freedom of Cy3 is reduced, either by a more viscous solvent, or by being confined to a binding site, then the quantum yield will increase.
Fluorescent lifetime
The fluorescent lifetime is the average time the molecule spends in the excited state. This is determined by the rates of fluorescence, internal conversion, and intersystem crossing to the triplet state (Fig. 2) . This time is highly variable and dictates how long the molecule has to react with the environment. The lifetime is dependent upon the environment and corresponding changes in lifetime correlate with intensity changes.
Several techniques exist to measure the lifetime of the fluorophore. In one method, the fluorescence is recorded in the time domain, following pulse excitation from a laser source. The lifetime is the time taken for the fluorescence signal to decay to 1/e or to 36.8 % of the original signal. The lifetime can also be measured in the frequency domain. In this instance, the sample is excited by a modulated light source. The fluorescence is modulated and phase-shifted from the original waveform based upon the lifetime of the fluorophore [34, 40, 54 ].
Stoke's shift
The loss of energy due to nonradiative decay before release of a photon leads to emission maximum at a lower energy (higher wavelength) than the excitation. The difference between the excitation and emission wavelength is the Stoke's shift, and the degree of shift is related to the molecular structure of the fluorophore [34, 54] . Cy3 and Cy3B are again good examples, whereby molecules with a greater internal flexibility (Cy3) lose a high amount of energy to nonradiative decay before release of a photon. Therefore, the Stoke's shift of Cy3 is larger than that of Cy3B, 14 and 11 nm, respectively [33, 35, 43] . In general, larger Stoke's shifts are useful because the emission peak is further from the excitation source.
Fluorophore size
With organic fluorophores, those in the UV/short visible range are very small, single or two-ring structures, such as coumarin-based fluorophores. As wavelength increases, so does the size of the fluorophore. The larger fluorophores such as Cy3B, which are 5× larger than tryptophan, are more likely to perturb the activity of the labeled protein.
Fluorescent proteins are very large labels (30 kDa/4 nm) and some have a tendency to oligomerize into tetramers [6] . And Qdots are even larger (15-50 nm). In both of these cases, the label may be larger than the protein of interest. Therefore, controls must be performed to determine the effects of the labeling on the structure and biological function of the protein.
Photostability
Fluorophores will go through many cycles of excitation and emission but all will eventually be irreversibly deactivated or photobleached. During these cycles, approximately 1:1,000 excitations leads to a transition from the singlet state (S 1 /S 2 ) to the triplet state (T 1 ; Fig. 2 ) [26] . This state is long-lived (in millisecond) and the fluorophore will not emit again until it reaches the ground state and is re-excited. These "dark" periods give rise to the phenomena of fluorophore blinking. It is during the long-lived triplet state that the fluorophore can react with oxygen and free radicals leading to irreversible deactivation. Established methods exist to remove oxygen from solution using scavenger enzymes such as glucose-oxidase and catalase. Triplet state quenchers, such as trolox and redox systems such as methyviologen and ascorbic acid can further reduce the photobleaching rate by quenching the highly reactive state [26, 49, 63] .
Fluorophore longevity may range from desired to required depending upon the experiment being performed. In the latter case, the fluorophore has to be chosen carefully to ensure low blinking and bleaching rates. Also, optimization of the scavenger system and triplet state quencher has to be performed specifically for the fluorophore chosen.
Types of fluorescent labels
Genetically encoded labels Green fluorescent protein (GFP) from Aequorea victoria was first used as a fluorescent marker in the early 1990s [13, 55] . Soon after, individual GFPs were imaged, opening up the prospect of single-molecule assays [16, 47] . Since then, a collection of fluorescent proteins have been developed and more are continually available providing additional wavelengths, increased stability, and higher brightness [52, 57] . More recent developments include photoactivatable fluorescent proteins such as mCherry and mEOS [37] .
One should keep in mind that certain fluorescent proteins, such as pZsGreen and dsRed, even GFP, do have a tendency to oligomerize, and therefore the appropriate controls should be performed. Recently, mutant variants have been developed to reduce this effect [6, 12, 52] .
Aside from the typical fluorescent proteins, a system has been developed to combine fluorescent microscopy with electron microscopy (EM). The mini-Singlet Oxygen Generator system is a small fluorescent flavoprotein based upon Arabidopsis phototropin 2 [56] . When illuminated with blue light, singlet oxygen is created which polymerizes diaminobenzidine, which in turn is stainable for EM imaging. This provides a specific labeling for EM without the need of large antibodies and gold particles.
The target protein can be easily fused through recombinant cloning to the fluorescent protein at the N or C terminus with a fixed stoichiometry (Fig. 1a) [15, 53, 62] . This is also the most specific approach for labeling proteins that results in no background signal from free fluorophore. However, protein degradation can generate a background signal.
Organic fluorophores
Organic fluorophores have superior properties over fluorescent proteins such as a wider spectral range, smaller size, greater photostability, and, in many cases, higher brightness.
Coupling the label to the target protein can be achieved by direct and indirect labeling methods. The greatest problem is controlling the specificity of the labeling and also defining its stoichiometry. In addition, labeling is unlikely to reach 100 % and the presence of free dye is problematic resulting in high background, or nonspecific, signals. Therefore, it is important to be able to purify the labeled from the unlabeled protein. Since labeling is likely to change the electrostatic properties of the protein, ion exchange chromatography can usually be applied. Also, the low molecular weight-free dyes can easily be removed by size-exclusion chromatography. In addition, indirect labeling methods through peptides containing additional purification tags can provide further means of purifying the final construct.
Direct labeling with organic fluorophores
Direct chemical labeling of purified proteins targets cysteine and amine groups (Fig. 1b and c) . Cysteines provide the greatest flexibility for choosing the location of the labeling due to their low frequency. Maleimide-fluorophore conjugates are highly specific for the thiol group of cysteine and the reactions are rapid (10 min-2 h) in typical buffers with moderate pH and temperatures. Another conjugate, iodoacetamides, are frequently used to target thiols due to their tolerance to reducing agents such as dithiothreitol [23] , which are used before labeling cysteines to ensure that the residues are in their reduced form.
Cysteines can also be introduced at specific sites for labeling using site-directed mutagenesis to convert, for instance, a surface-exposed residue to a cysteine. In general, this should only be performed on proteins with sufficient structural information, allowing defined targeting of fluorophores. However, even under the best circumstances, there will be elements of trial and error.
Complications with labeling cysteines arise from the presence of multiple target residues. Additional residues should be removed by site-directed mutagenesis but care must be taken not to perturb the overall protein structure and/or activity. If the protein has no cysteine in the desired location, then a Cys-free version of the protein can be created before additional mutagenesis to introduce the residue at the chosen location. Other approaches to deal with this problem are based upon measuring the reactivity of each surface-exposed cysteine and then optimizing conditions to selectively label the desired residue. Obviously, this relies upon having differently reactive cysteines which is not always possible [50] . If structural information is available, then it may be possible to selectively label a cysteine following selection of different conformations [4] . A relatively new approach takes advantage of the fact that cysteine also bind to metal ions. This method is based upon the reversible protection of cysteine residues using binding of a group of 12 metal ions (Cd 2+ or Zn 2+ ) allowing labeling at a defined site [48] . Additional metal-binding amino acids (histidine) have to be incorporated next to the chosen cysteine residue to favor metal binding at that site. While bound to the metal ion, all other surface exposed cysteines are reacted with non-fluorescent N-ethylmaleimide. The metal ion can then be removed and the chosen site is labeled with the desired fluorophore.
Amine-reactive conjugates, such as succinimidyl-esters or isothiocyanates, can be used to label lysine residues or Nterminal amines. Lysine residues are very frequent in proteins and therefore labeling is likely to result in binding many fluorophores. However, it is possible to specifically target the N-terminal α-amino group due to a lower pK a of 7 compared to the amino groups of lysine (pK a 10-11). This facilitates successful labeling at a specific, but limited location [3, 21] .
Peptide tags for organic fluorophores
There are many different types of labeling strategies that can fall into this category. However, there are two main approaches: label a synthetic peptide which is then attached to the target protein through ligation or genetically engineer peptide tags onto the target protein which are then reacted with the corresponding fluorophore conjugates. This approach is useful for proteins sensitive to internal labeling or mutagenesis.
Using C-terminal labeling as an example, the technique of express protein ligation can be used (Fig. 1d) [7] . To achieve this, the target protein has to be produced with a Cterminal thioester. This is created by harnessing the ability of some proteins to remove internal fragments (Inteins) which separate two other fragments (Exteins). Removal of the intein and ligation of the exteins generates the final product. In this case, the protein of interest is expressed in combination with a self-splicing intein with a cysteine residue placed between them. Therefore, in the presence of thiols (2-mercaptoethanesulfonic acid), the intein is spliced generating the protein of interest with a C-terminal thioester. This protein is then ligated through an N-terminal cysteine to a synthetic peptide carrying a fluorophore. Typically, a purification tag (Hexa-His) is included for easy isolation of the final labeled protein.
Short, self-labeling peptides, for example tetracysteine (Fig. 1e) [24] and Hexa-His, react with corresponding fluorescent bis-arsenic fluorescein (FlAsH) probes and Ni 2+ -NTA [32] functionalized fluorophores, respectively. Several peptide tagging approaches require enzymes to catalyze the reaction, thereby improving the specificity. This includes the Q-tag (PKPQQFM), whereby transglutamase covalently attaches to the tag primary amine-functionalized fluorophores, such as cadavarine conjugates to glutamate residues [36] .
A final example of peptide labeling is biotinylation by BirA (Fig. 1g) , which covalently attaches biotin to a lysine in a peptide tag containing the biotin recognition sequence (BRS) [14, 29] . This tag can be ligated to the protein or it can be genetically engineered at the N or C terminus. In addition, BirA biotinylation can be performed in vivo and then the final product can be extracted. Alternatively, biotin can also be purchased with reactive groups to target thiol or amine groups [18] but the specificity is lower compared to using BirA. The biotin-streptavidin system provides a diverse method for labeling proteins not just with streptavidin-functionalized organic fluorophores but also with streptavidin-functionalized Qdots or beads.
Protein tags for organic fluorophores
Protein tags such as Halo [38] , SNAP [58] , and CLIP [22] are self-labeling enzymes that covalently link to fluorescently labeled substrates. These tags are highly specific and many commercial kits are available making the process relatively easy. The SNAP tag was released in 2003 and is one of the most used approaches. This system utilizes the human DNA repair enzyme O 6 -alkylguanine DNA alkyltransferase (hAGT). hAGT, with a mass of 20 kDa, is genetically linked to the target protein (Fig. 1f) . Fluorescently labeled O 6 -benzylguanine substrates are used to label the protein of interest. hAGT cleaves the benzylguanine and then covalently attaches the fluorophore.
Nanoparticle labels
Qdots are semiconductor nanocrystals made from cadmium and selenium cores with zinc-sulfur outer shells. Qdots have favorable fluorescent characteristics, for instance they are up to 20× brighter and orders of magnitude more photostable than organic fluorophores [1, 41] . This is achieved from a combination of a high quantum yield and high extinction coefficient.
Importantly, Qdots have a very narrow emission peak compared to all other forms of labels. A broad emission is a common problem with organic fluorophores because this increases spectral overlap if more than one fluorophore is used. In addition, Qdots have a very broad excitation, with an increased absorbance in the blue range. This allows a greater freedom for selecting the excitation source and gives rise to an apparently large Stoke's shift.
Qdots can be purchased with functionalized shells enabling easy, rapid coupling to proteins, typically via biotin, or antibodies, but carboxyl and amine-reactive groups are also available. Functionalized Qdots are rather large by 15-50 nm diameters, significantly larger than fluorescent proteins and potentially larger than many proteins studied. The wavelength is controlled by the size of the Qdot; therefore, the exact size is depended upon wavelength and functionalization used.
As with organic fluorophores, Qdots have to be coupled to the protein of interest. This leads to the same problems which relate to purification of the labeled versus unlabeled protein, and separation from unreacted Qdots. Typically, size exclusion methods do not apply because of the large size of the functionalized Qdots. Therefore, the original purification strategy will have to be performed. However, quick methods may exist that are specific to the protein of interest. Using myosin motors as an example, it is possible to separate the labeled motors from free Qdot by the addition of F actin. The F actin-myosin motor complex is then pelleted by centrifugation. Then, addition of ATP causes the release of myosin motors from the F actin, once the excess Qdots in the supernatant are removed.
Types of measurements
Among the measurements described below, some may directly utilize the fluorescence of the fluorophore, like for instance in the case of measuring intensity changes, visualizing, and tracking a molecule. Other methods such as FRET, fluorescence lifetime imaging microscopy (FLIM), and anisotropy/polarization require specialized approaches, analysis, and interpretation.
FRET is a mechanism of energy transfer between donor and acceptor fluorophores [25] . Energy transfer occurs when two fluorophores with overlapping donor emission and acceptor excitation spectra are in close proximity (<10 nm). Upon exciting the donor molecule, there is nonradiative energy transfer to the acceptor. Therefore, fluorescence from the acceptor is only observed when the fluorophores are in close proximity. The efficiency of energy transfer is inversely proportional to the sixth power of the distance between donor and acceptor, meaning that FRET is very sensitive to small distance changes. The fluorescence lifetime of the donor fluorophore is reduced during energy transfer, a process that can be imaged using FLIM [17] . FLIM builds an image based around differences in the exponential decay of fluorescence (the lifetime). This method is particularly useful because it can discriminate fluorescent intensity changes due to the local environment and it is insensitive to the concentration of the fluorophores.
Anisotropy measurements are based upon the rotation (rotation correlation time) of a fluorescent species within its fluorescence lifetime, described in detail [35] . Two parameters are crucial for these measurements: the fluorescence lifetime and the size of the label. If the lifetime is too short, the population will appear highly anisotropic, whereas, if it is too long, the species will have low anisotropy. Fluorescein with a lifetime of 4 ns is useful for this application. Anisotropy measurements are particularly suited when one protein is significantly smaller than the other. When binding to the larger protein, the anisotropy of the smaller unit increases because the larger complex has a slower rotation correlation time. This provides a sensitive measurement of complex formation. However, when a large label is used, as for instance a fluorescent protein, then the rotation is inherently slow giving rise to high anisotropy values, which compromises the sensitivity of the measurements. Therefore, they should be avoided.
The five examples below represent a selection of fluorescence measurements. In each case, the specific requirements of the fluorophores and labeling are discussed.
Conformation changes
Conformation changes occur in proteins for a variety of reasons: change in environment, enzymatic activity, or response to binding events. This diversity is matched by a variety of methods by which to measure the rearrangements. These include monitoring intensity changes and FRET (steady-state/single molecule/FLIM) by using organic fluorophores or fluorescent proteins.
Some experimental strategies take advantage of the environmental sensitivity of certain fluorophores. With respect to organic fluorophores, when labeling sites are more polar than the surrounding solvent, the quantum yield and/or extinction coefficients can increase leading to large enhancements in the fluorescent signal. This has been particularly harnessed in the design of reagent-less biosensors, for example the phosphate-binding protein (MDCC-PBP) [9] , widely used to study ATPases and GTPases [46, 60, 61] . In this example, the Escherichia coli PBP was specifically labeled with the coumarin fluorophore, close to the phosphate binding site. Phosphate from ATP cleavage binds rapidly leading to a large conformation change, with the protein closing around the phosphate and the fluorophore. The change in solvent exposure is coupled with a structural confinement, resulting in a planar molecule. The most prominent effect is an eightfold increase in coumarin's quantum yield. Overall, this leads to a large fluorescent increase of up to 13-fold.
This use of organic fluorophores is versatile and beneficial due to the small size of both the coupling and fluorophore itself. Contrarily, the use of fluorescent proteins, peptide tagging, and the majority of amine labeling reactions, has limited application since labeling occurs at the ends of the protein. Therefore, defined location rearrangements are best observed using cysteine labeling.
Fluorescent proteins are advantageous because there is no free dye in solution which can reduce the overall intensity changes observed with organic fluorophores. But, the large label size and limited choice of labeling sites prevent a targeted approach. Fluorescent proteins can also display environmental sensitivity depending on the conditions. Binding the labeled protein to lipid can provide measureable signals [19] and GFP exhibits a pH sensitivity [5] which can be harnessed as a useful sensor. However, these changes generally refer to global rearrangements in the protein and not local effects. Therefore, fluorescent proteins are best used in FRET assays. For large conformation changes, two fluorescent proteins (e.g., CFP-YFP or GFP-RFP) can be used as a FRET pair. This is particularly useful if the protein unfolds following substrate binding [11, 42] . An advantage of the fluorescent proteins over other fluorophores is the ease at which the same labels can be used in vitro and in vivo, allowing a direct comparison between the assays. In vivo experiments allow FRET to be measured by intensity or lifetime through FLIM [11] . However, FRET measurements, especially at single molecule level can be compromised by poor photophysical properties of the fluorescent proteins. This is especially the case when rapid photobleaching gives rise to false FRET changes.
The specific, targeted labeling by organic fluorophores is the most widely used application for in vitro FRET measurements. Two cysteine labels at specific locations are usually chosen or introduced by mutagenesis. For labeling, bright and stable fluorophores with sufficient spectral overlap, such as Cy3 and Cy5, are chosen for single-molecule measurements. However, these are large fluorophores that may interfere with the conformation change. Therefore, ensemble spectroscopic assays provide greater freedom for choosing smaller fluorophores as the FRET pair.
In general, one should keep in mind that it is possible that the Stoke's shift of one or both of the fluorophores changes during the conformation change. With FRET measurements, the degree of spectral overlap is directly related to the fluorescent signal; therefore, any changes in Stoke's shift will give false FRET changes. Likewise, fluorescent intensity changes attributed to environmental sensitivity may complicate the FRET signal, making it difficult to interpret the conformation change from additional local rearrangements in the protein.
Protein-protein interactions
The protein of interest may be regulated by additional proteins, transported by cytoskeletal motors, or be involved in multiprotein signaling pathways. In all cases, monitoring the interaction provides mechanistic details. The methodology to observe these interactions are similar to those for measuring a conformation change.
Firstly, intensity changes can be utilized. This would usually require organic fluorophore labeling of a cysteine positioned close to the site of interaction. Only one of the proteins involved has to be labeled, thereby simplifying the procedure and reducing potential side effects. It is important that the fluorescent species is purified to a high level, so that the signal is not diminished due to a large unlabeled contaminating species.
Similarly to intensity change measurements, anisotropy requires the use of a single organic fluorophore. In this way, the smaller of the two proteins can be labeled either near the binding site (for compatibility with intensity measurements), in an inert area, or even at the N or C terminus. Anisotropy measurements are particularly useful if there are more than one fluorescent intensity change, possibly in response to binding and a conformation change. Anisotropy will only report upon the binding measurements, therefore separating the two processes.
As with measuring conformation changes, FRET is widely used with organic fluorophores and fluorescent proteins. With respect to organic fluorophores, FRET is relatively easy because each protein requires a single label in an inert area of the protein but within 10 nm of the corresponding label when bound in the heterodimer.
Single molecule/particle tracking Biological systems are highly dynamic environments with molecules diffusing around the cell or undergoing active transport along protein or nucleic acid tracks. It is important to understand the behavior of individual proteins as they move throughout the cell and only single molecule methods can provide these answers.
For single-molecule imaging, the greater the number of photons detected improves the accuracy of localization. Therefore, the fluorescent lifetime is particularly important. A long fluorescence lifetime will reduce the number of excitation and emission cycles, which in turn reduces the overall number of photons detected within a given time frame. For this reason, fluorophores with short lifetimes are preferable (<5 ns) [26] . In addition, smaller-sized fluorophores will reduce interference with the system and therefore organic fluorophores are the best candidates. Currently, there is a large selection of fluorophores to choose from depending on their compatibility with the available laser lines and need for multicolor imaging.
Organic fluorophores can be coupled to the protein of interest directly to a native cysteine, however terminal labeling is likely to reduce any possible side effects of internal labeling. Peptide tagging not only allows terminal labeling of the protein, but also allows multiple fluorophores to be attached to the peptide. Through attaching multiple labels, it is possible to enhance the overall brightness of the protein, making detection easier.
Overall, fluorophore stability is the major requirement for tracking. Therefore, fluorophore must have a low bleaching rate; ideally, this would be slower than the detachment rate of the protein from its track. Intensity fluctuations or fluorophore blinking between bright and dark states can also perturb tracking. This can be overcome with using suitably optimized oxygen scavengers and triplet state quenchers [26] . Alternatively, if multiple labels are present, blinking will not be synchronized and therefore, it will always be possible to visualize the protein.
Fluorescent proteins can be used in vitro but are best applied to tracking proteins in live cells, especially with superresolution microscopy [39] . In comparison with the organic fluorophores, they present the advantage of a fixed stoichiometry which is beneficial for addressing mechanistic questions, like for instance how the movement of vesicles is generated by a known number of molecules. However, their low brightness prevents tracking of movement with hightime resolution. Methods exist to improve the brightness of the target protein by genetically coupling several fluorescent proteins together [10] . However, although the brightness is enhanced by several fold, this approach obviously increases the overall label size. A further problem for single-molecule observations is that fluorescent proteins have the tendency to enter dark states which can last for several hundred miliseconds and provide gaps in single-molecule trajectories [16] . In terms of stability, enhanced fluorescent proteins, such as eGFP, are brighter, but they can frequently be observed only for 10 s before they are photobleached, which poses additional limitations for single-molecule tracking.
Quantum dots are the most stable forms of label, since under most circumstances they do not bleach. The coupling mechanism through biotin-streptavidin is very simple and stable, requiring a single modification to the protein of interest. However, the coupling can easily result with up to 10 proteins bound to one Qdot. Although the number of proteins per Qdot can be control by dilutions, a precise loading is not possible. Therefore, if the number of proteins is an important parameter then this approach is not applicable. Qdots can be introduced into cells by osmotic shock while coupled to a protein of interest and provide a highly sensitive method for single-molecule tracking in live cells [1, 44, 45] . However, it is important to note that this approach uses recombinant purified proteins rather than the natural cellular proteins which are observed with fluorescent proteins.
While providing very bright objects suitable for tracking, Qdots possess a detrimental blinking behavior which means that automated tracking is limited. However, blinking can be controlled by using thiols which significantly decrease the dark states [28] . Moreover, the broad excitation range can be problematic if fluorescent proteins or other organic fluorophores are also used in the assays. Likewise, it prevents Qdots from being used a FRET acceptors. Finally, Qdots are in essence the largest labels available and therefore, unlike organic fluorophores, may impede movement. Overall, a decision has to be made based on whether tracking for extended periods is more important than potential side effects from the size and/or multiple proteins bound to the label.
Protein counting through photobleaching A protein's oligomeric state is frequently a controversial point, especially with regards to molecular motors. Biochemical/biophysical characterization using size exclusion chromatography or analytical centrifugation can provide strong evidence for the oligomeric state. But, counting the number of molecules through single-molecule photobleaching provides definitive answers.
The most important parameter for protein counting is to have a known stoichiometry between the label and protein of interest. Fluorescent proteins are the only type of label that ensures a fixed stoichiometry [30] . In addition, the relatively rapid photobleaching is advantageous for performing the measurements. Obviously, it is important to ensure that only monomeric fluorescent proteins are used, such as the monomeric mutant of eGFP which is also bright enough for easy observation.
Using organic fluorophores can provide a brighter signal. The enzyme-coupled labeling with protein tags is highly specific and useful for proteins which contain more than one cysteine. The greatest problem with these forms of labeling is the presence of contaminating unlabeled protein which invalidates attempts to count proteins in a complex. Even the best forms of purification cannot ensure a homogeneous preparation and labeling is unlikely to reach 100 %. While for ensemble measurements, this would not be a great problem, single-molecule sensitivity is too high for such contamination.
Localization in live cells
It is vitally important to be able to visualize proteins in their cellular environment, because in this way it is possible to determine function, regulation, and interactions. Fluorescent proteins are by far the most frequently used labeling methods for in vivo imaging. The fluorescent proteins are easily coupled on to the protein of interest with 100 % specificity. It must be noted that biological breakdown of the fusion proteins may generate background signals leading to diffuse or poor localization. In addition, it is important to use monomeric fluorescent proteins because oligomers could inhibit, or even enhance function. Furthermore, as with all uses of fluorescent proteins, the large size may perturb activity and unless visualizing single molecules for long time scales, the fluorescent properties are perfectly adequate.
Organic fluorophores provide many advantages for in vivo imaging. Currently, indirect labeling techniques, such as FlAsH, are possible for introducing organic fluorophores to their targets [24] . The peptide tag and the FlAsH probe are very small, therefore reducing any complications from the labeling. However, the probe is not always highly specific for the target. Alternatively, protein tags have been successfully used in live cell experiments and superresolution imaging [27] . This approach is very useful because it allows labeling with high specificity. However, in these cases, the labeling procedure still requires the addition of a large protein tag to the protein of interest. Therefore, the enhanced fluorescent properties of this tag must be advantageous for the assay over the defined stoichiometry and ease of using the fluorescent proteins. With both peptide and protein tagging approaches, an amount of unreacted free dye will still remain generating background noise.
Conclusions
Many new strategies exist for labeling proteins providing even more opportunities for different types of experiments. However, no fluorescent label is perfect nor are the methods by which they are attached to proteins. The greatest challenges remain: higher photostability, enhanced brightness, and minimal perturbations due to the labels. New, more stable and small fluorophores are still required to allow a better observation of biological processes.
